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measurement over extended concentration range†
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Rheology of concentrated protein solutions is crucial for the understanding of macromolecular crowding

dynamics as well as the formulation of protein therapeutics. The cost and scarcity of most protein samples

prevents wide-scale rheological studies as conventional viscosity measurement methods require large

sample volume. There is a growing need for a precise and robust viscosity measurement tool that

minimizes consumption and simplifies the handling of highly concentrated protein solutions. This objective

is achieved by combining microfluidics and microrheology: we developed a specific microsystem to study

the viscosity of aqueous solutions at high concentrations. The PDMS chip allows in situ production, storing

and monitoring of water-in-oil nanoliter droplets. We perform precise viscosity measurements inside

individual droplets by particle-tracking microrheology of fluorescent probes. Pervaporation of water

through a PDMS membrane induces aqueous droplet shrinking, concentrating the sample up to 150 times,

thus allowing viscosity measurements along an extended concentration range in just one experiment. The

methodology is precisely validated by studying the viscosity of sucrose solutions. Two model proteins are

also studied with sample consumption reduced to as little as 1 μL of diluted solution, showcasing the

viability of our approach for the study of biopharmaceuticals.

1 Introduction

In vitro studies often focus on the interaction of selected
macromolecules in dilute systems, far from the reality of a
highly concentrated and heterogeneous in vivo environment.1

Most cells contain 20–30% of macromolecules in volume.
Intracellular protein concentration is in the range 200–300 g
L−1, regardless of the type of cell, adding to an environment
already packed with RNA (75–150 g L−1).2

High-concentration experiments are necessary to better
understand intracellular physics,3 to characterize protein
behavior in intra or extracellular mediums4,5 or study
enzymatic reactions6,7 for example. In the case of
biopharmaceutics, most notably monoclonal antibodies
(mAbs), high-concentration viscosity characterization a
crucial step in the formulation process,8 as well as an
important research field.9 Biopharmaceutics sometimes need
to be formulated at concentrations above 100 mg mL−1. At
such high concentrations, mAb–mAb interactions can cause a
rapid, sequence-dependent10 increase in viscosity.11 For these
formulation problems, and because viscosity represents a

macroscopic measurement of protein–protein interactions,12

the rheology of protein solutions is an important
experimental field, often limited by the high sample volumes
required by standard characterization experiments.13

By allowing the handling and analysis of fluid samples at
the microscopic scale, microfluidics14 represent a great stride
in the search for a low sample consumption, with uses in
analytical chemistry and biology.

In addition, droplet-based microfluidics, that relies on the
production, manipulation and analysis of individual
nanoliter compartments,15 allows rapid screening of the
parameters space, while limiting costly protein consumption.

The ability to precisely characterize reduced volumes is
crucial for the rheological study of scarce samples such as
proteins. As such, several in-chip viscosity measurement
techniques have been recently developed.16 Microrheology is
an efficient way to measure viscosities inside microfluidic
samples. Initially developed to measure viscosities within
cells,17 microrheology relies on the tracking of colloidal
probes whose passive or active motion can be linked to the
medium's properties.18 It has since been successfully applied
to microfluidic protein samples13 as well as millifluidic
droplets.19

In addition to manipulation and sorting of droplets,
micro-devices have been designed to modify the
concentration of the medium inside the droplets by dialysis.
Removing water from the droplets, either through osmosis,
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pervaporation or dilution in the continuous phase, induces
aqueous shrinking,20 effectively concentrating the solutes.
The reduced required sample size and the precise control
over in-droplet concentration proves useful for analyte
detection.21 Protein crystallization is a costly and trial-and-
error based process that is likewise greatly simplified by the
use of micro-devices.22,23

We designed a device able to combine some of the
aforementioned techniques, offering a simple and reliable
platform for investigating viscous features of various
hydrophilic compounds.

The accuracy and reliability of our approach were
validated by studying samples of tabulated viscosity, pure
water and sucrose solutions. The study of two model proteins
showcased the efficiency of our method to characterize
protein samples with minimal sample consumption. Our
approach requires as low as 1 μL of dilute samples to
perform full viscosity characterization of a given solute, as a
step-emulsification geometry allows on-demand droplet
production. Pervaporation-induced shrinking allows in-
droplet concentration by a factor of 125 while viscosity is
continuously measured by particle-tracking microrheology.
Initially developed to explore a 1–200 mPa s viscosity range,
corresponding to the viscosity range of biopharmaceutics,
our method proved capable of accurate measurements on a 1
mPa s–5 Pa. range.

2 Material and methods
2.1 Microfluidic device

The 3-layer microfluidic device was obtained through soft
lithography.24 For each layer, a quartz/chromium
photolithography mask was printed by direct laser exposure
(μPG 101, Heidelberg Instruments). A multi-layer master was
fabricated by exposing epoxy photoresist (SU-8, Kayaku
Advanced Materials) with a mask aligner (MJB4, Süss
MicroTec). The design of the 3 separate layers is visible in
Fig. S1 of the ESI.†

2.2 Samples

Sucrose (179949), bovine serum albumine (A7906) and
lysozyme from chicken egg white (L4919) were purchased
from Merck KGaA. All samples were prepared with ultra-pure
water (Milli-Q, Merck KGaA), and filtrated through 0.2 μm
PTFE syringe filters (VWR).

2.3 Droplet production and manipulation

Novec 7500 (3 M, ηN7500 ≈ 1.2 mPa s) or Fomblin Y06/6
(Solvay, ηY06 ≈ 89 mPa s) fluorinated oils were used as
continuous phase, mixed with RAN-008 fluorosurfactant
(RAN Biotechnologies) at a 0.2% w/w concentration. A
2-channel syringe pump (Nemesys, Cetoni GmbH) was used
to inject both the continuous and dispersed phases. A
peristaltic pump (Sci-Q 323, Watson Marlow) produced the
air flow used for droplet shrinking.

2.4 Fluorescent probes

500 nm-diameter yellow-green fluorescent probes
(FluoSpheres™, ThermoFisher Scientific, F8813) were
encapsulated in the droplets at an initial solid volume
fraction of ϕi = 4 × 10−7, corresponding to ≈6 particles per
nanoliter or ≈90 particles per droplet. The probes were
tracked with an inverted microscope (Axio Observer 7, Zeiss)
mounted with a 40× objective (EC Plan-Neofluar NA 0.75,
Zeiss), a multicolor LED light source (Zeiss Colibri 7) and a
CMOS camera (ORCA-Flash4.0 LT C11440, Hamamatsu
Photonics). The probes were imaged in the droplet's
equatorial plane, localized by autofocusing on the droplet's
edge. For each acquisition, a continuous 1000-images
fluorescence timelapse was performed with an exposure time
τ = 100 ms. The camera was used in streaming mode, with a
delay between two images equal to the exposure time (Δt = τ

= 100 ms). One batch of tracers was grafted with-PEG chains
(amine-PEG, Mw = 20 kDa, Rapp Polymer) following Garting &
Stradner's protocol.25 The type of tracers used will be
specified in the subsequent results. The hydrodynamic radius
of the probes was determined through dynamic light
scattering (ZetaSizer Ultra, Malvern Panalytical).

2.5 Particle detection & tracking

Post-acquisition data analysis, mainly particle detection &
tracking, diffusion coefficient estimation and droplet volume
measurement, was performed with a custom-made MATLAB
script. The .czi files and their metadatas were read with the
Bio-Formats toolbox26 (Open Microscopy). The particles'
positions were detected on each of the 1000 frames of the
time-lapse. After thresholding to reduce background noise, a
first peak detection was performed to roughly localize the
brightest spots of the image. Then, a centroid fit was used to
localize the center of the tracers with sub-pixel accuracy27 (10
nm typical accuracy for fixed particles).

A Crocker–Grier algorithm28 was then used to build
particular trajectories. For each of the detected trajectory, a
(Δxn,Δyn)n ∈ [1,Ni] matrix of particular displacement was
obtained, with Ni the length of the i trajectory. We only
considered continuous trajectory longer than 100 frames. An
average of 30 trajectories were detected per acquisition, with
a typical length of 300 frames. A covariance-based estimator
(CVE) was used to estimate diffusion coefficients from
trajectory data. Recently developed by Christian L.
Vestergaard,29 this regression-free estimator provides
unparalleled accuracy compared with the standard MSD or
MLE-based estimators, given our experimental parameters.
From the displacement matrix, the diffusion coefficient for a
given trajectory is estimated as:

D̂i ¼
Δxnð Þ2� �þ Δyn

� �2D E
4Δt

þ ΔxnΔxnþ1h i þ ΔynΔynþ1

� �
2Δt

(1)

The Stokes–Einstein law was then used to estimate the
dynamic viscosity associated with each trajectory:
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i ¼ kBT

6πrD ̂i
(2)

with kB the Boltzmann constant, T the temperature and r the
probe radius. The estimated global measured viscosity  was
obtained as the average of the estimates provided for each
trajectory, weighted by the trajectory length:

 ¼
PT
i¼1

Nii

PT
i¼1

Ni

(3)

Correlation assessment between the measured viscosity and
various experimental parameters was performed by
calculation of the Spearman's rank correlation coefficient ρ

on statistically significant data sets. Spearman's correlation
measures rank correlation, with extreme values of ρ = ±1
indicating the variables are perfectly monotone functions of
each other. The p-value indicates the statistical significance
of any correlation between the variables. We adopted the
common convention that the correlation is only statistically
significant for p-values lower than 0.05.30

2.6 Droplet volume measurement

In-chip concentration monitoring was performed through
droplet volume measurement.

Edge detection of the spherical droplets was performed by
circular Hough transform31 on brightfield images. The
detected droplet radius gave access to their volume, and in
turn to the solute's in-droplet concentration as the sample's
initial concentration was known.

We estimate the error on droplet volume measurement to
be <5% in the vast majority of the cases. This estimation is
detailed in the supplementary information. In particular,
edge detection was validated with optical models.32

2.7 Concentration

Samples of known initial mass concentration c0 were
prepared. This concentration is defined as:

c0 ¼ ms

VT
(4)

With ms the mass of solute and VT the solution's total
volume.

At any given time, volume measurement gave access to the
in-droplet mass concentration:

c(t) = c0r(t) (5)

With r tð Þ ¼ V0

V tð Þ the droplet's shrinking ratio.

For sucrose samples, the results were expressed in terms
of mass fraction. The mass fraction of a solution is defined
as:

cw=w ¼ ms

mT
(6)

With mT the total mass of the solution.
To perform the conversion between c and cw/w, the partial

specific volume of sucrose33,34 (v̄ = 0.62 mL g−1) was taken
into account. The mass fraction inside the droplet was
expressed as:

cw=w tð Þ ¼ r tð Þms

mw þ v ̄ þ 1 − v ̄ð Þr tð Þ½ �ms
(7)

With ms and mw the masses of solute and water in the initial
solution.

Protein samples of known initial mass concentration c0
were studied. The results were expressed in terms of effective
volume fraction, defined as:35

ϕeff = k0 × c (8)

with c the mass concentration and k0 the voluminosity of the
proteins, defined as:

k0 ¼ 4
3
π
NA

Mw
RS

3 (9)

with NA the Avogadro constant, Mw the protein's molar mass
and RS their Stokes radius. The values of RbsaS = 3.5 nm and
RlysS = 2 nm were considered for BSA36 and lysozyme37

respectively.

3 Results and discussion
3.1 Results

3.1.1 Device operation. Fig. 1 shows schematic view of the
whole chip, as well as a detailed view of its rheological
section.

The first section of the chip is a dropmaker. The use of a
step-emulsification geometry allows on-demand production
of droplets38,39 by bursts of 10–20 droplets corresponding to
150–300 nL of sample. This geometry, combined with a
syringe pump-based injection technique, allowed us to
perform successful experiments using as little as 1 μL of
diluted solution. A detailed view of the dropmaker and its
dimensions is visible in Fig. S2 of the ESI.† A movie showing
the production of a droplet burst is visible in the ESI.†

Once produced, droplets are stored in a selection
chamber, just upstream of the main channel. Precise flow
control allows to individually select and load droplets in
cylindrical wells located above the main channel. The wells
have a 300 μm diameter and a 300 μm depth. Flow control is
achieved by precise tuning of the differential height between
the inlet and the outlet, see Fig. S3 of the ESI.† The loading is
gravitational, as the water droplets are lighter than the
fluorinated continuous phase (Δρ = 614 kg m−3 in the case of
Novec 7500). By shielding the droplets from residual flow in
the main channel, the wells allow stabilization of the
droplets, essential for MPT microrheology. Once loading is
complete, droplet shrinking is achieved by water
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pervaporation through the 200 μm PDMS membrane between
the main and lateral channels.22,23 Air flow in the lateral
channel keeps the humidity gradient constant and is
imposed by a peristaltic pump.

Experimentally, the shrinking speed as a function of
membrane thickness behaves as described by previously
established pervaporation models.20 Depending on the
solute, the shrinking speed can then be adjusted by changing
either the membrane's width or the humidity of the air flow.
In our case, a 200 μm-wide membrane minimizes the
experiment time while ensuring homogeneity of the droplet's
content.40

3.1.2 Validation of particle-tracking microrheology. To
assess the accuracy of our particle-tracking microrheology
method, we first measured the viscosity of pure water without
any droplet shrinking. On 3 droplets of distinct radius, a
series of 20 successive time-lapses was performed. The
results, reported in Table 1, showcase the accuracy and the
repeatability of our measurements, with an average relative
standard-deviation (RSD) of around 3%. Additionally, these
experiments allowed us to evaluate the correlation between
measured viscosity and particular position. Fig. 2 displays

the heatmap of viscosities measured in the equatorial plane
of a pure water droplet. Each point corresponds to the mean
particle position for a given detected trajectory. The
variations in measured viscosity do not correlate with the
particles position in the equatorial plane. To study the
influence of the shrinking process we monitored the viscosity
of shrinking water droplets, whose viscosity remains constant
regardless of shrink. Fig. 3 shows the combined results of 4
distinct shrinking experiments. These experiments tend to

Fig. 1 Overview of the microfluidic device's architecture and of the droplet shrinking process. (a) Schematic, perspective view of the microfluidic
device. The step-emulsification geometry allows on-demand production of droplets following injection of the continuous phase (fluorinated oil)
and dispersed phase (aqueous solution). After production, droplets are briefly stored in a selection chamber before being individually selected and
loaded into the rheological section (scale bar: 2000 μm). (b) Schematic, perspective view of the rheological section. Between the selection
chambers, the main channel narrows to reach a width of 400 μm. Above the main channel, 7 cylindrical wells of 300 μm diameter serve as traps,
as the lighter water droplets tend to rise in the wells. Separated by a 200 μm PDMS membrane, the lateral channel surrounds the rheological
section. Air flow through the lateral channel maintains a humidity gradient between the dry air and the water droplets, inducing water
pervaporation through the PDMS membrane and thus droplet shrinking (scale bar: 1000 μm). (c) Brightfield microscopy images of a water droplet
at different shrinking stages (40×, scale bar: 50 μm). (d) Measured droplet volume as a function of time. Continuous droplet shrinking is monitored
via edge detection of the spherical droplet. The points corresponding to the 3 images shown in (c) are indicated.

Table 1 Measured viscosities in pure water droplets, without shrinking.
On each of the 3 droplets, a series of 20 successive time-lapses were
recorded. The measured viscosities  are to be compared with the
tabulated value of 0.89 mPa s for water at 25 °C

Experiment 1 2 3

Droplet radius (μm) 95 140 62
Mean viscosity 〈〉 (mPa s) 0.88 0.85 0.87

Relative error
 − ηj j
η

� �
1% 4.5% 2%

RSD
σ ð Þ
h i

2.8% 2.9% 3.4%
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indicate that the shrinking process has no significant effect
on particular diffusion until lower droplet radii under 30 μm.

3.1.3 Characterization of the accessible range. To
demonstrate the range of our experimental approach, we
then measured the viscosity of sucrose solutions. Sucrose
presents a good solubility in water, allowing the study of a
wide concentration range. Over this range, its viscosity
continuously increases, covering 4 decades (1 mPa s–10 Pa s),
making sucrose a compound of choice to assess both the
concentration and viscosity ranges accessible to our
approach. Sucrose viscosity has been tabulated with high
precision,41 and as such it has been previously used as a
calibration agent for microrheology.13

Starting from dilute solutions (5% w/w), droplet shrinking
allowed us to reach concentrations as high as 80% w/w.
Fig. 4 shows a good comparison between the experimental
relative viscosity profile of sucrose and the tabulated values.
Relative viscosity is defined as:

ηrel ¼
η

η0
(10)

with η0 the dynamic viscosity of the solvent, in our case
water.

20 experiments were conducted, with varying initial
concentrations and droplet radii. To estimate the precision of
these experiments, we performed a linear interpolation
between our data and the tabulated values before measuring
the distance between the two curves. On the target 1–200

Fig. 2 Measured viscosity heatmap on the equatorial plane of a pure
water droplet. The position of each point corresponds to the mean
particular position for each of the 996 trajectories tracked. The point's
color codes for the measured viscosity, and its size codes for the
trajectory length. The red circles corresponds to the position of the
droplet's edge. These data have been obtained on a total of 20
acquisitions performed on a 140 μm radius water droplet (droplet 2 in
Table 1).

Fig. 3 Measured viscosities for shrinking pure water droplets.
Combined data from 4 distinct shrinking experiments, corresponding
to a total of 197 acquisitions. Each points corresponds to one
acquisition, with colors coding for the 4 different shrinking droplets.
For lower droplet radii (R < 30 μm), an increase of measured viscosity
 seem to indicate an influence of the droplet's interface on particular
diffusion. The two dashed lines represent the confidence interval for
MPT estimated from the acquisitions on fixed-radius droplets (Table 1).

Fig. 4 Relative viscosity as a function of mass fraction for aqueous
sucrose solutions, comparing microrheology in shrinking droplet
results (△) and tabulated data41 (solid line). Two distinct experiments
are reproduced here, with initial sucrose mass fraction of 5% and 40%
respectively. For clarity, only 1 out of 5 data points have been
reproduced. A similar fig. with all measured data points is available in
ESI.†
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mPa s range, the average relative error was around 3%. The
measured viscosities compare well with the tabulated until
around 1.7 Pa s corresponding to 75% w/w. Above this value,
in the 75–80% range, viscosities as high as 18 Pa s were
measured. While these values have no tabulated value to
compare with, they qualitatively match the general trend of
sucrose's viscosity curve.

For viscosities above 200 mPa s, a more viscous
fluorinated oil was used as the continuous phase to prevent
noise caused by droplet movement (see 3.2.3).

3.1.4 Proteins. Finally, we applied our approach to the
study of two model proteins dissolved in pure water: bovine
serum albumin and lysozyme. For these experiments, the
fluorescent probes were grafted with-PEG polymer chains,
allowing the particles to remain stable regardless of the
studied protein's charge. With this steric stabilization,25 the
same probes can be used to work with either negatively
charged proteins, such as BSA, or positively charged ones,
such as lysozyme. With the use of a syringe pump-based
injection system, we were able to conduct these experiments
using as little as 1 μL of diluted initial solutions,
demonstrating our approach's contribution to the reduction
of sample consumption. For these two model proteins, all
concentrations give a viscosity within our approach's
measuring range. Fig. 5 shows the relative viscosity (cf. eqn
(10)) profile for the two proteins.

3.2 Discussion

3.2.1 Influence of droplet interface. One of the novelties of
our approach is the use of MPT microrheology in
microfluidic droplets. The Stokes–Einstein law (eqn (2)) relies
on the hypothesis of free diffusion. In reality, the liquid–
liquid interface at the edge of the droplet will affect the
diffusion of the probes.42 The rigidity of the surfactant-
covered interface43,44 will induce an increase of the particle's
drag at its vicinity, that will in turn results in a decrease of
the particle's diffusion coefficient and an increase of viscosity

measured through the Stokes–Einstein equation. The
influence of the interface is anisotropic, whether the particle
is experiencing diffusion normal or parallel to the interface.45

Previous instances of in-droplet microrheology have been
performed in millifluidic-sized droplets,19 where particle
tracking could be performed at a distance where any
influence from the interface was negligible. For bigger
droplets, the interface can be approximated as plane, and the
diffusion coefficient decrease can be calculated.46 For
example, a particle experiencing normal diffusion at 5 μm of
the interface will display a 5% diffusion coefficient decrease.
At 100 μm, the diffusion coefficient decrease drops to just
0.3%.

The important number of acquisitions performed on pure
water droplets without shrinking (see Fig. 2) provided us with
a data set statistically significant enough to perform
correlation assessment. With a correlation coefficient of ρ =
0.017, and a p-value of 0.59 no correlation was found between
the particle's position relative to the center of the droplet.
For these droplets (Fig. 2 was obtained with a 140 μm-radius
droplet), the interface seems to have no influence on
particular diffusion. This results can be interpreted as such:
not only the area where the effects of the interface are sizable
is a small fraction of the area of the equatorial plane for
bigger droplets but in addition the probes will diffuse in and
out of this area during the acquisition, as the characteristic
diffusion length is lc ¼

ffiffiffiffiffiffiffiffi
DΔt

p
≈ 7 μm for probes diffusing in

water during a 30 s time frame, corresponding to the average
trajectory length.

This result might not hold for smaller droplets, as the area
in the vicinity of the interface will increase in size relative to
the equatorial plane, and as the increased confinement will
prevent the probes from diffusing in and out of this area. Our
goal of individual droplet manipulation, and our aim to
continuously concentrate samples by droplet shrinking
mandates us to work with droplets of reduced radius (R < 50
μm), a range previously unexplored. Additionally, at smaller
radii the droplet's interface can no longer be considered as a
plane. We monitored the viscosity of shrinking water droplets
(see Fig. 3). For droplets under 30 μm in radius there is an
increase in measured viscosity, potentially due to restrained
diffusion caused by the droplet's interface.

We could only perform those experiments at the lowest
bound of our viscosity range, the viscosity of pure water.
Indeed water is the only compound whose viscosity is
constant regardless of droplet shrinking. However, we
studied the viscosity of sucrose solutions with various initial
concentrations and initial droplet radii. The repeatability and
continuity of the measured viscosities for more than 20
experiments tend to indicate that given our experimental
conditions, the droplet's interface has no effect on the
measured viscosity.

3.2.2 In-droplet homogeneity. By averaging the measured
viscosity over all the detected trajectories, multi-particle
tracking relies on the assumption that the viscosity is
constant across the droplet's equatorial plan. Inhomogeneity

Fig. 5 Relative viscosities for bovine serum albumin (BSA) △ and
lysozyme (○) in pure water.
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of the solutes inside the droplet could jeopardize this
assumption. Depending on the shrink speed and on the
solute's diffusion coefficient, an accumulation of solute could
occur at the droplet's interface. As developed in previous
studies,40 a colloidal suspension in a shrinking droplet can
be considered homogeneous at Pe ≪ 1, with Pe the Péclet
number defined as:

Pe ¼ Rv
D

(11)

R is the droplet radius, v is the speed of the interface
shrinking towards the center of the droplet, and D is the
solute's diffusion coefficient. This condition is met for our
experiments, with a maximum value at Pemax ≈ 0.06.
Moreover, individual particle tracking in the equatorial plane
revealed no evidence of any recirculation flow that could have
indicated diffusion cause by solute gradient. Finally, it is
important to remind that the shrinking speed can be tuned
by changing our setup's PDMS membrane width. Should any
solute inhomogeneity appear, one could easily tune the
shrinking speed to reduce Pe.

3.2.3 Influence of droplet movement. As the spherical
droplet is not confined by the cylindrical well, it will
experience Brownian diffusion itself. We defined the ratio κ,
comparing the characteristic Brownian diffusion lengths of
the fluorescent probes and of the droplet itself:

κ ¼
ffiffiffiffiffiffiffiffiffiffiffi
2DΔt

pffiffiffiffiffiffiffiffiffiffiffiffiffi
2DdΔt

p ¼
ffiffiffiffi
D

pffiffiffiffiffiffi
Dd

p (12)

with Dd the diffusion coefficient of the droplet. Both D and
Dd can be expressed by the Stokes–Einstein law (eqn (2)) and
(12) simplifies as:

κ ¼
ffiffiffiffiffiffiffiffi
ηc
η

R
r

r
(13)

with R the droplet's radius, r the probe's radius and ηc the
viscosity of the continuous phase. As the droplet shrinks its
radius will decrease and, with the exception of pure water, in-
droplet viscosity will increase as the sample is concentrated.
Decreasing droplet radius will induce an increase of droplet
movement, and increasing in-droplet viscosity will decrease
probe movement. For low values of R and high values of η,
droplet movement will be in the same order of magnitude as
probe movement, lowering the precision of MPT
microrheology. Two factors will then define the upper
viscosity limit measurable by our approach: the precision of
particle-tracking and droplet movement. A rough estimate of
the maximum measurable viscosity can be calculated by
placing the limit at κ = 1. The maximum viscosity ηmax

d can
then be defined as:

ηmax
d ¼ ηc

R
r

(14)

It is important to note that this value is likely to be
underestimated, as the diffusion of the droplet is hindered
its contact with the top of the well. Some sucrose

experiments were conducted with Novec 7500 as a
continuous phase, a fluorinated oil with relatively low
viscosity. At high viscosities (η > 300 mPa s) and low radii (R
< 30 μm), some experiments displayed a plateau, seemingly
indicating that the maximum measurable viscosity had been
reached (data from these experiments is visible in the ESI†).
Moreover, the plateau was in the vicinity of the estimate
provided by eqn (14). Derived from eqn (14), two solutions
allow to push this limit and extend the viscosity range. The
first is to increase the droplet radius R, thus limiting its
movement. However, the drawback of this approach is the
limitation of the maximum shrink factor. The second
approach, which we have retained, is to increase ηc, the
viscosity of the continuous phase. By using Fomblin Y06 (ηY06
= 89 mPa s), eqn (14) estimates a limit of 4.8 Pa s for R = 20
μm, much higher than the 0.1 Pa s estimated for Novec 7500
(ηN7500 = 1.2 mPa s). Using a more viscous continuous phase
did not present any additional difficulties in the operation of
the device. With Fomblin Y06, no plateau behavior was
observed, even for viscosities above 5 Pa s (see Fig. 4).
Working with a more viscous continuous phase is an easy
experimental approach to solving the issue of droplet
movement.

It is also worth mentioning that particle-tracking on a
fluctuating substrate is a well-studied problem, and that
other more complex approaches such as two-point
microrheology47,48 are also available to cancel the noise
caused by droplet movement.

3.2.4 Precision of particle tracking microrheology. To
assess the precision of our MPT method, we took two values

into account: the average relative error
 − ηj j
η

� �
and the

relative standard-deviation (RSD)
σ ð Þ
h i . The first value reflects

any bias of our estimation, while the second quantifies its
precision. For water, a slight bias was observed, as the
viscosity was consistently underestimated. Such a bias can be
linked with an error on the probes hydrodynamic radius, or
on the measured temperature, both leading to a systematic
error on the measured viscosity (see eqn (2)). To limit the
influence of this bias, the measured viscosities are expressed
in terms of relative viscosity ηrel (see eqn (10)).

For both water and sucrose, a 3% RSD on the viscosity
was consistently observed. Several factors explain this value.
First, the standard deviation of the CVE estimator can be
quantified as:29

σ D ̂
� � ¼ D ̂

� � ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
6þ 4εþ 2ε2

N
þ 4 1þ εð Þ2

N2

s
(15)

where ε ¼ 1
SNR2 − 1

3
is linked to the signal-to-noise ratio of

the particle tracking and N is the number of detected
positions. The signal-to-noise ratio is defined as

SNR ¼
ffiffiffiffiffiffiffiffi
DΔt

p

σ
, the ratio between the characteristic length of
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particular diffusion and the localization error. Both the
experimental parameters of our optical acquisition method
and our choice of particles were guided by the optimization
of the SNR, with necessary compromises. For example,
because our camera is in streaming mode, the shutter speed
is equal to the interval between two consecutives images, τ =
Δt. Increasing the exposure time τ then results in an
increased particular diffusion length, thus improving the
SNR. However as the exposure time increases, motion blur
will eventually cause the localization error σ to increase as
well. The same conflicting effects guides the choice of
fluorescent probes. As the diffusion coefficient is inversely
proportional to the probe's radius, the characteristic
diffusion length can be increased by decreasing the probe's
radius. However, as probe fluorescence is proportional to
probe volume, decreasing their radius will also result in a
increased localization error, affecting the SNR. For any
microrheology experiment, each of these experimental
parameters has to be optimized to find the best compromise
for the SNR. In our case, droplet shrinking brings an
additional layer of complexity. As particular diffusion is
inversely proportional to viscosity, it is easy to see that
optimal values of τ and r will depend on the viscosity of the
medium. Our choice of parameters (τ = 100 ms and r = 250
nm) provides high SNR values on a wide range (η ∈ [1 mPa s,
1 Pa s]). In the case of water, and more broadly for viscosities
below 10 mPa s, eqn (15) can be simplified as:29

σ D ̂
� �
D ̂
� � ≈

ffiffiffi
5

pffiffiffiffi
N

p (16)

For the experiments presented in Table 1, an average of 〈N〉 ≈
7800 positions were detected at each acquisition, giving an
approximate RSD of ≈2.5%, an estimation in adequation
with the experimental value of 3%.

Another source of error is the uncertainty on the radius of
the fluorescent probes. Once the diffusion coefficient
estimated, particle radius r is involved in the calculation of
the viscosity η (see eqn (2)). A polydispersity of σp ≈ 14% in
diameter was measured by dynamic light scattering. The RSD
caused by particle polydispersity can be estimated as:

σ D ̂
� �
D ̂
� � ¼ σpffiffiffi

P
p (17)

where P is the number of distinct particles tracked during a
given acquisition. With an average of 〈P〉 ≈ 20 distinct
particles tracked, polydispersity-linked error is estimated as δ

≈ 2.5% for our experiments. These results show that in our
experimental conditions two main factors limit the precision
of MPT microrheology: the number of measured particular
positions and the number of individual particles.

4 Conclusion

We developed an integrated platform, allowing viscosity
characterization of aqueous solutes on an extended
concentration range, starting from reduced volumes of dilute

samples. Droplet shrinking, induced by water pervaporation
through the microfluidic device, allows continuous
concentration up to 150-fold of the solute throughout the
experiment, while particle-tracking microrheology allows
continuous viscosity measurement.

The use of the CVE estimator, along with a wide spectrum
error sources quantification effort provides precise viscosity
measurement on the 1–200 mPa s initial range of interest, as
well as an extension of this range up to viscosities above 5 Pa
s. Furthermore, the study of sucrose revealed our method's
ability to easily reach extremely high concentrations, well
above sucrose solubility in water of around 67%. The
homogeneity brought by the small volume of the studied
droplets and the absence of liquid–solid or liquid–gas
interface greatly reduces nucleation, and the small volumes
of the droplet increases the mean nucleation time49 (∝1/V),
allowing to probe supersaturated solutions without the
crystallization-linked complications or the complexity of
sample preparation encountered in macroscopic
experiments.50 However, the liquid–liquid interface of the
droplets still presents a potential risk: protein adsorption/
desorption at the water–oil interface during the shrinking
process could affect the bulk protein concentration. Our
experiments were performed with droplets of various initial
volumes and with solutions of various initial concentrations.
The fact that our results overlap into a continuous viscosity
curve attests that in our case this potential effect does not
noticeably impact bulk protein concentration, but it could
become significant for studies with very low initial protein
concentrations.

Because it relies on volume measurement to access
concentration, our approach provides results based on mass
concentration. This presents no obstacle for protein rheology,
as results are by convention expressed in effective volume
fraction. Some industrial application such as
biopharmaceutics formulation might require conversion to
mass fraction. As mentioned for the study of sucrose, the
knowledge of the solute's partial specific volume is necessary
to perform this conversion. This should not be an obstacle
either, even for previously unstudied biopharmaceuticals, as
the partial specific volume of proteins has been shown to be
constant inside broad families.51 For monoclonal antibodies
specifically, representing the vast majority of
biopharmaceutics, a constant value of v̄ = 0.73 g mL−1 is
considered.52

The presence of excipients or buffer media might limit the
concentration range accessible to our device. As droplet
shrinking induces sample concentration, any buffer or
additive will get concentrated by the same factor, potentially
affecting the sample's viscous behavior. It remains possible
to study these kind of samples by dividing the viscosity curve
in 2 or 3 distinct segments, and by adjusting the initial
excipient concentration to avoid any interference. Even if this
approach diminishes the convenience of plotting the entire
curve in a single experiment, our device remains a cost-
effective and time-efficient method for the study of
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biopharmaceuticals. Solvent conditions, most notably pH
and ionic strength, can affect the viscous behavior of protein
solutions. As such, the vast majority of available studies on
the viscosity of proteins are performed in controlled solvent
conditions. To fully validate the use of our approach for the
study of protein solutions, additional experiments will be
required with controlled solvent conditions and further
purification. Without these additional steps, it is not yet
possible to compare our data with previous work on the
viscosity of BSA53 and lysozyme.54

Showcasing the growing interest around this field, an
device similar to ours was recently developed55 with the aim
of studying monoclonal antibodies in the future. Based on
the same principle, this other work relies on a different
microfluidic device, where the droplet are confined during
the whole shrinking process. It is an advantage, as it
eliminates the potential noise caused by droplet motion and
thus does not require the use of more viscous continuous
phase. By design, this other device relies on water
pervaporation through the body of the microfluidic chip,
whereas our device's lateral channel allow faster
pervaporation and thus significantly shorten experiment
times: from 24 h to 3 h, an 8-fold improvement. With such
experiment times, we did not encounter any probe
sedimentation issues and our device does not require the use
of a rotator. Further reduction of the experiment time can be
achieved by thinning the membrane between the main and
lateral channel, as we found out the droplet's shrinking time
was roughly proportional to the membrane's thickness. The
device presented in this article has a 200 μm membrane, but
we were able to produce devices with membrane thicknesses
as low as 20 μm. However, one should keep in mind that
increasing the droplet's shrinking speed might jeopardize in-
droplet homogeneity, as previously discussed in 3.2.2.

Regardless of the device used, we highly recommend the
use of Vestergaard's covariance-based estimator. It increases
microrheology's precision, decreases the required number
of particles and allows the quantification of the error made
during particle tracking. Being regression-free, it is also
significantly faster. The choice of this algorithm allowed us
to expand our dynamic range 10-fold compared to the
previous approach55 and to measure viscosities 10 times
higher. The precision of viscosity measurement and the
maximum measurable viscosity could be increased by
improving the imaging setup for particle tracking. By using
a triggered camera, one could reduce the exposure time τ

and increase the interval between two consecutive images
Δt, which would decrease motion blur and increase
diffusion lengths. Increasing the maximum viscosity might
not be useful for protein rheology but can find applications
in other fields, such as polymer rheology. Finally, we are
able to work with smaller droplets, increasing the
maximum shrinking factor (150 compared to 30 in the
previous work) and allowing our device to work with
smaller protein samples (10 μg for our approach compared
to 1 mg in the previous work).

Understanding the behavior of concentrated protein
solutions is crucial, as most biological media present high
macromolecular concentrations, and as protein's collective
behavior is linked with biological phenomena such as
degenerative diseases.56 By greatly simplifying the precise
study of high-viscosity samples of highly concentrated
proteins, our device could be an important tool in this effort.
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